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The soil microbiome is responsible for mediating key ecological processes; however, little is known
about its sensitivity to climate change. Observed increases in global temperatures and alteration to
rainfall patterns, due to anthropogenic release of greenhouse gases, will likely have a strong
influence on soil microbial communities and ultimately the ecosystem services they provide.
Therefore, it is vital to understand how soil microbial communities will respond to future climate
change scenarios. To this end, we surveyed the abundance, diversity and structure of microbial
communities over a 2-year period from a long-term in situ warming experiment that experienced a
moderate natural drought. We found the warming treatment and soil water budgets strongly
influence bacterial population size and diversity. In normal precipitation years, the warming
treatment significantly increased microbial population size 40–150% but decreased diversity and
significantly changed the composition of the community when compared with the unwarmed
controls. However during drought conditions, the warming treatment significantly reduced soil
moisture thereby creating unfavorable growth conditions that led to a 50–80% reduction in the
microbial population size when compared with the control. Warmed plots also saw an increase in
species richness, diversity and evenness; however, community composition was unaffected
suggesting that few phylotypes may be active under these stressful conditions. Our results indicate
that under warmed conditions, ecosystem water budget regulates the abundance and diversity of
microbial populations and that rainfall timing is critical at the onset of drought for sustaining
microbial populations.
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Introduction
The importance of the soil microbiome in cycling of
key nutrients such as carbon and nitrogen is well
established. However, because of the microbiome’s
complexity little is understood about how climate
change (for example, warming and precipitation
patterns) will affect the diversity, abundance and
structure of the community. Climate change is
thought to exert pressure on the soil environment
and ultimately the soil microbiome through direct
and indirect pathways (Shaver et al., 2000). Direct
influence of climate change on bacteria will likely
occur through increased seasonal temperature
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maxima, as temperature has long been known to
be a determinative selector of microbial growth
(Ratkowsky et al., 1982) and physiological activity
of soil respiration (Lundegärdh, 1927). In grassland
soils, experimental warming has been shown to
increase bacterial biomass in winter and spring
(Belay-Tedla et al., 2009); however, warming negatively affected bacterial biomass (Liu et al., 2009)
and 16S rRNA gene abundance (Castro et al., 2010)
in summer and early fall, respectively, suggesting
that warming may have a seasonal affect on the soil
community. In situ microbial activity as measured
by soil CO2 efflux has been shown to be temperature
sensitive (Luo et al., 2001), thermally adaptive
(Bradford et al., 2008) and constrained by soil
moisture (Garten et al., 2009; Liu et al., 2009),
indicating that warming is likely also having an
effect on the physiology of the microbial community. Soil respiration is a summation of total CO2
efflux that includes Eukarya in addition to Bacteria
and Archaea. Hence, drawing specific conclusions
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regarding the response of the soil microbial community to climate change using these data may be
arguable. Nonetheless, these studies show that
climate warming can have a strong influence on
the microbiome.
As a result of increased temperatures, a concomitant increase in the frequency and duration of
drought events in mesic ecosystems is anticipated
(Knapp et al., 2008). The expected exposure to water
stress is likely to affect both microbial and plant
communities by interrupting key nutrient cycles
and plant–microbe feedbacks. Single-factor experiments focusing on precipitation manipulations
show that rainfall additions had little effect on the
composition of grassland microbial communities
except under drought (Cruz-Martinez et al., 2009). In
addition, rainfall frequency did not alter microbial
community composition in laboratory incubations
of grassland soil (Fierer et al., 2003). Multifactor
warming experiments show that microbial community composition is altered under warming and
precipitation additions in a constructed natural
grass prairie (Castro et al., 2010). In a recent review,
Bardgett et al. (2008) suggests that plant-mediated
indirect effects of climate change (that is, alterations
in plant community physiology or composition) are
likely to have a significant role in how the soil
microbiome responds to climate change. Experimental warming has been shown to influence the
phenology (Parmesan, 2006) and extend the growing
season of plant communities (Wan et al., 2005). As a
result, warming causes increases in plant biomass
(shoot and root) (Luo, 2007), however, a concomitant
increase in water uptake from the soil is needed to
account for the increased biomass. Such an anticipated effect from climate warming on the plant
community has consequences on the total soil water
budget and ultimately will affect the microbiome if
frequency and duration of water stress periods
increases (Porporato et al., 2004; Knapp et al.,
2008). Drought is therefore likely to affect the
microbiome due to the combined indirect effect on
plants and the direct effects of increases in temperature and decreased soil moisture.
We set out to examine the effects of warming on
soil microbial communities at a previously described long-term global warming experimental field
site located at KFFL (Kessler Farm Field Laboratory)
in central Oklahoma (Luo et al., 2001). However,
during our sampling period the site experienced a
moderate drought thereby allowing us to evaluate
the interactive effects of warming and ecosystem
water budgets on microbial communities. We
tracked the abundance, diversity and structure of
microbial populations before (August 2004), at the
onset (April 2005), and during (August 2005 and
April 2006) a moderate drought, using quantitative
PCR (qPCR) and pyrosequencing. Results show
that when moisture was abundant, the warming
treatment significantly shifted the community structure and furthermore the indirect effect of global

warming, specifically the decreases in soil moisture,
significantly altered the abundance of the soil
microbial community more than the direct effects
of warming. Our results therefore suggest that rain
fall periodicity and timing coupled to warming will
have a significant impact on microbial communities
and will have an important role in regulating
microbial carbon and nitrogen cycling.

Materials and methods
Site description

The experimental warming site (Wan et al., 2002) is
characterized as a tall grass prairie that receives
B90.0 cm of rainfall annually with an average
temperature of 16.3 1C. The site consists of six
paired (control and warmed) 2  2 m plots. Warmed
plots are heated to B2.0 1C above ambient temperature using infrared heaters suspended above the
plot. All plots had been continuously heated for B4
years before the beginning of our sampling. Soil
moisture was taken at regular intervals using a
portable time domain reflectance probe (Wan et al.,
2002). Soil samples were taken from unclipped
subplots (to simulate a native grassland) over a
2-year period starting in August 2004 and ending in
April 2006.
Soil sampling and DNA extraction

Soil cores were collected from the top 15 cm of soil
from the unclipped subplots of the control and
warmed plots using sterile stainless steel coring
tools. Two cores were randomly taken from each
plot (one core per subplot) combined and stored on
ice for transport. The combined core material was
then screened for roots, homogenized and stored at
20 1C. DNA was extracted in duplicate from soils
using the MoBio Ultraclean Soil DNA Isolation Kit
(MoBio Laboratories, Carlsbad, CA, USA). Extraction of DNA from 0.5-g soil was done according to
the manufacturers methods except for the following
modification. In lieu of shaking for 10 min on a flat
bed vortex, samples were treated in a Mini-bead
beater (Biospec Products Inc., Bartlesville, OK,
USA) for 1 min at maximum speed and then placed
on ice for 1 min. Isolated DNA was then diluted 1/10
in sterile, nuclease-free water and stored at 20 1C.
Quantitative PCR

16S rRNA gene copy numbers of targeted phylogenetic groups (Supplementary Table 3) were quantified over the course of two seasons (August
2004–2005 and April 2005–2006) in five pairs of
plots. qPCR methods were adapted from Fierer et al.
(2005), with alterations to DNA purification and
adaptation to the MyIQ real-time PCR system
(Bio-Rad, Hercules, CA, USA). To ensure qPCR was
not inhibited, prior testing of DNA clean-up
methods was done (see Supplementary Materials).
The ISME Journal
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We found that in our soil, a 1/10 dilution worked as
well or outperformed popular cleaning methods for
qPCR analysis. To quantify the 16S rRNA genes, two
DNA extractions were done from each plot at each of
the four time points. qPCR was then performed in
triplicate on both DNAs. Each reaction mixture
(25 ml total volume) consisted of 12.5 ml IQ SYBR
Green Supermix (Bio-Rad), 9.5 ml of water, 1.0 ml
(10 mM) of each primer and 2.0 ml of diluted DNA.
qPCR generally followed a standard two-step protocol consisting of 5 min at 95 1C, followed by 40
cycles of 95 1C for 30 s, 54 1C for 30 s and 72 1C for
30 s. Specific qPCR annealing temperatures and
times for each primer set are specified in Supplementary Table 3. To quantify the number of gene
copies, standard curves were constructed using
tenfold serial dilutions of pCR4-TOPO plasmid
(Invitrogen, Carlsbad, CA, USA) containing a representative amplicon derived from the environment
from each of the primer sets. Plasmids were
extracted using a Qiagen Plasmid Miniprep kit
(Qiagen, Valencia, CA, USA). Plasmids for each
primer set were sequenced before quantification to
ensure specificity of the target. Each plasmid
standard was quantified using a Nanodrop spectrophotometer system (Thermo Scientific, Wilmington,
DE, USA) then converted to copy number from
plasmid molecular weight. PCR conditions were
modified for each primer set to reach as closely as
possible an amplification efficiency of 3.3. No
primer dimers were observed in all primer sets as
determined by melting curves of qPCR amplicons.
The soil copy number was determined from the
standard curve and subsequently standardized to
copy numbers per gram of dry soil. Seasonal
averages of qPCR data are given in Supplementary
Table 2. To control for spatial variation in microbial
population response at the sampling site, Multilevel
Modeling (MLM) was chosen. MLM allowed data to
be structured by individual bacterial groups, experimental plot and time. This permitted us to represent
the interactive effect of warming on microbial
populations, as plots and microbial populations
may not respond similarly to the warming treatment.
Log transformed qPCR values were the model’sdependent variable, which took into account all six
populations plus total bacteria. Full methods
and equations are included in the Supplemental
Information.
Pyrosequencing

PCR libraries were generated using modified 338
forward and 518 reverse primers listed in Supplementary Table 3. Modifications to the primer set
included: adding the A-adapter and a unique 8 base
barcode to the 50 end of the 338 forward primer
while the B-adapter was added to the 50 end of the
reverse primer (sequences for A and B adapters,
taken from http://www.454.com, 454 Life Sciences,
Branford, CT, USA). Duplicate DNA extractions
The ISME Journal

from each plot (five plots per treatment) were
amplified with two PCRs for a total of 20 reactions
per treatment (control and warmed) at each of the
four time points. The products of the 20 PCR
reactions were combined before sequencing. DNA
from control and warmed plots was amplified using a
separate barcode per treatment and time point. DNA
was PCR amplified in 50 ml reactions containing
(final concentration) 2 ml of 1/10 diluted DNA, 1 
Flexi buffer (Promega, Madison, WI, USA), 2.5 mM
MgCl2, 0.2 mM deoxynucleoside triphosphate
mixture (Promega), 2.5 U GoTaq DNA polymerase
(Promega) and 500 nM of the forward and reverse
primer. PCR amplification protocol was as follows:
5 min at 95 1C, followed by 30 cycles of 95 1C for
1 min, 54 1C for 1 min and 72 1C for 1 min with a final
extension of 15 min at 72 1C. PCR reactions were
screened using gel electrophoresis and positive
reactions were pooled (time and treatments kept
separate) and concentrated using a speed vac
concentrator (Savant DNA120, Thermo Electron
Corporation, Waltham, MA, USA). Concentrated
PCR products were then purified using the PureLink
PCR purification kit (Invitrogen) and purity was
confirmed using gel electrophoresis. PCR products
were then sent to Engencore (http://engencore.sc.
edu/) for pyrosequencing using FLX chemistry.
Data processing of pyrosequencing reads

Raw pyrosequencing data were processed for quality
and barcode recovery using the software package
Mothur (Schloss et al., 2009) version 1.7.0 (http://
www.mothur.org). Clean sequences were then
aligned to the Greengenes core sequence set using
NAST algorithm (DeSantis et al., 2006a), distances
were calculated, and operational taxonomic units
(OTUs) generated all within Mothur. Representative
OTUs0.03 were classified (Hugenholtz taxonomy)
using the Greengenes database (DeSantis et al.,
2006b). Diversity indices (Chao, abundance-based
coverage estimator, Shannon and Simpson) and
rarefaction curves were also generated using
Mothur. Diversity ordering methods (Renyi generalized entropy and Hulbert family of diversity indices)
were chosen because of their insensitivity to sample
size and indices were calculated as previously
described (Liu et al., 2007; Youssef and Elshahed,
2008). A warming treatment effect was scored as
significant if two of the three diversity ordering
indices were higher/lower than the control treatment and do not cross. Aligned OTUs0.03 for each
treatment and time point were lane masked within
Mothur and a phylogenetic tree was generated using
FastTree (Price et al., 2009) (FastTree flagged conditions: -fastest, -gtr, -nt). The phylogenetic tree was
uploaded to the Fast Unifrac (Hamady et al., 2009)
web interface and an analysis of b diversity (community structure) was performed using the P-test
and (un)weighted Unifrac metric. Heatmaps and
clustering analyses were generated using the web
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steadily declined to B74% of those of the previous
spring (February–April cumulative rainfall totals
were 19.7 cm (2004) and 10.4 cm (2005)), resulting in
a net deficit in soil moisture reserves at the
beginning of the growing season (Figure 1).

interface (http://www.hiv.lanl.gov/content/sequence/
HEATMAP/heatmap.html) that implements the heatmap tool (heatmap.2) in the gplots package within
the statistical program R (http://www.r-project.org/).
The relative abundances of the top 50 OTUs from
each phylum were used to generate heatmaps using
the Euclidean distances. Clustering of the sample
times and individual OTUs0.03 was done using the
complete method (Johnson, 1967).

Assessment of bacterial population size in control and
warmed plots using qPCR

Quantification of dominant bacterial and archaeal
phyla (Total, Actinobacteria, Acidobacteria, a-Proteobacteria, Planctomycetes, Verrucomicrobia and
Crenarchaeota) revealed that both warming and
warming coupled to drought had a significant
influence on soil microbial population size. During
the period of above normal precipitation (August
2004), warming increased numbers of all microbial
groups tested by 40–150% (Figures 2a–g). At the
onset of the drought (April 2005), the majority of
control-plot bacterial and archaeal population sizes
were elevated above those in the warmed plots.
Exceptions were members of the Acidobacteria and

Results
Rainfall patterns

Drought
Begins

During the course of our sampling, the experimental
site experienced a moderate drought receiving
B47% less rainfall in 2005 (51.5 cm) than 2004
(96.5 cm) (Supplementary Figure 1), which had
received above average precipitation (Luo et al.,
2009). The drought extended through the winter of
2005 and up to the time of sampling in April 2006.
During the months leading up to the start of the
drought in April 2005, monthly rainfall totals
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Figure 1 Average soil moisture taken at 10 cm over the 2-year sampling period. Solid lines represent warm (plus sign) and control
(circles) treatments while grey bands represent the standard deviation associated with each time point. Dashed lines represent the total
microbial community modeled abundance from the Multi-Level Modeling (MLM). Arrows represent dates at which samples were taken.
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Figure 2 Residual plots of qPCR generated 16S rRNA gene abundance data over time for warmed (plus sign) and control (circles) plots.
Residual plots of total bacteria (a) and individual phyla (b–g) were generated using the baseline average for each plot across all four
seasons. The shaded bands depict the standard deviation. (h) Bayesian MLM takes into account all microbial groups assayed and grey
bands represent the bootstrapped 95% confidence intervals. Raw values are in Supplementary Table 2.
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Assessment of the diversity and community structure
of control and warmed plots using pyrosequencing

A total of 260 499 sequences were generated resulting in B10 000–45 000 sequences for each treatment
and time point (four control and four warmed
libraries combined, Supplementary Table 1). In all
control and warmed data sets, phylum level distributions for each of the four time points revealed
an overall pattern similar to other soil studies
(Elshahed et al., 2008; Fulthorpe et al., 2008)
whereby Actinobacteria, Proteobacteria and Acidobacteria were the most abundant phyla represented
(Figure 3). When rainfall was abundant (August
2004), the warming treatment increased the relative
abundance of sequences of the Proteobacteria (11%),
Acidobacteria (50%), Bacteroidetes (35%), Verrucomicrobia (3%) and SPAM (68%) (Figure 3).
However, during drought (that is, August 2005) the
warming treatment had little effect on the relative
abundance of the dominant phyla with the exception of the Planctomycetes, which saw an increase of
48% over the control (Figure 3).
To assess the bacterial diversity of control and
warmed plots at various sampling times we chose to
employ both traditional species richness estimators
and less used diversity ordering methods. In the
grassland soil, species richness (Chao1), evenness
(abundance-based coverage estimator), diversity
(Shannon Index) and diversity ordering followed a
similar pattern. During the non-drought period
(August 2004) the warming treatment decreased
richness, evenness and diversity; while during the
drought (August 2005), warming increased richness,
evenness and diversity of the community when
compared with the controls (Table 1). Diversity
ordering of the most dominant phyla in Kessler
Farm soil reveals a similar pattern to that of the total
data set with control plots more diverse in August
The ISME Journal
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Verrucomicrobia (Figures 2c and g). During the
drought period (August 2005), the warming treatment caused a significant decrease (50–80%) in
numbers (Figures 2a–g) of all groups tested. The
following spring (April 2006) most of the phyla
tested had recovered from the drought and returned
back to population sizes comparable to those in
April 2005, however, most were still below or
similar to control plots. Interestingly, the warming
treatment increased numbers of Acidobacteria and
Crenarchaeota (Figures 2c and e) populations in
April 2006 samples while Actinobacteria and
Verrucomicrobia (Figures 2b and g) never recovered
from the August drought. Bayesian MLM results
revealed that the warming treatment significantly
stimulated microbial populations in August 2004
when soil moisture was abundant. However, as the
experimental plots transitioned into drought, soil
moisture became a limiting factor and when coupled
to the warming treatment caused significant
decreases in microbial populations (Figure 2h).

Figure 3 Relative abundance of dominant bacterial phyla in
pyrosequencing generated 16S rRNA genes sequence libraries at
the KFFL warming site. Each bar is color-coded and represents a
single sampling time. Abundance was normalized by treatment
and time. Abundance of Proteobacteria is included in the subset.
F(C/W)4 ¼ August 2004, S(C/W) ¼ April 2005, F(C/W)5 ¼ August
2005, S(C/W)6 ¼ April 2006; C ¼ control, W ¼ warmed.

2004 and warmed plots more diverse in August 2005
(Supplementary Table 2). Spring time points (April
2005 and 2006) show that species richness, evenness and diversity patterns showed no clear treatment level effects. Diversity ordering patterns of
individual phyla also show spring samples to be
variable with most phyla not increasing with the
warming treatment (Supplementary Table 2).
To assess how community structure is affected by
the warming treatment we chose to use the b
diversity measurements P-test (Martin, 2002) and
(un)weighted Unifrac (Lozupone et al., 2006)
metrics implemented in Fast Unifrac (Hamady
et al., 2009) and traditional community similarity
measures Bray–Curtis and Jaccard dissimilarity
indices. Pairwise comparisons between warmed
and control plots show warming had no significant
effect (unweighted Unifrac P40.05) on the overall
structure of microbial communities at each time
point, however, warming did significantly alter
lineage-specific patterns in two out of the four
seasons (P-test: August 2004, Po0.001; weighted
Unifrac: August 2004, P ¼ 0.032 and April 2005,
P ¼ 0.016). Transitioning into drought (August 2004
to April 2005) from normal moisture conditions had
a significant effect on control and warmed plot
community structures (unweighted Unifrac: control
plots P ¼ 0.009; Warmed plots P ¼ 0.007). Bray–
Curtis and Jaccard similarity indices corroborate
Unifrac results such that when moisture was
abundant (August 2004 and April 2005) the warmed
and control plots had low similarity, but as the
drought intensified, similarity between the two
communities increased (Supplementary Figure 2).

Warming and drought effect on microbial communities
CS Sheik et al
1697

Table 1 Response of species (0.03) and genus (0.05) operational taxonomic unit (OTU) richness, evenness and diversity

August 2004
April 2005
August 2005
April 2006

OTU cutoff

D Chao (%)

D ACE (%)

Rarefaction

Hurlbert

Renyı´

0.03
0.05
0.03
0.05
0.03
0.05
0.03
0.05

43.83
39.23
0.02
4.25
26.98
25.19
1.36
1.65

44.27
37.02
20.97
12.45
21.93
18.89
5.59
4.52

C
C
W
W
W
W
NDD
NDD

Tied
—
C
—
W
—
W
—

Tied
—
C
—
NDD
—
W
—

Chao and abundance-based coverage estimator (ACE) are represented as percent change. Control (C) and warmed (W) plots were ranked using
diversity ordering methods if curves did not cross, the curve that was highest is considered to be more diverse. However, if curves crossed they are
considered incomparable and are represented as no detectible difference (NDD). Dashed lines represent not calculated values.

Cluster analysis of dominant genus level OTUs from
each phylum revealed that the warming treatment
continually altered the community profile such that
the control and warmed plots never clustered with
one another at any given time point (Supplementary
Figure 3). Heatmaps in conjunction with the cluster
analysis allow for visualization of the dominant
genera distribution patterns captured at the time of
sampling. Interestingly, these patterns were either
constrained (that is, few OTUs0.03 dominant across
all time points sampled) as in the Betaproteobacteria or highly variable (that is, many OTUs0.03 share
the dominance but are sporadically distributed
across time) like the Deltaproteobacteria (Supplementary Figure 3).

Discussion
The microbiome is an integral component of soil
and is important to maintaining the function of
all ecosystems. However, our understanding of
how these microbial communities will respond to
disturbances such as climate change is limited.
Therefore, we sought to understand how bacterial
and archaeal communities would respond to
elevated temperatures associated with future,
predicted global warming temperatures. Microbial
communities were monitored during normal precipitation and drought periods using pyrosequencing and qPCR. Sampling during the transition from
adequate precipitation to drought provides a
glimpse of how microbial communities respond to
the environmental stressors of warming alone and
warming under drought.

of microorganisms. We observed that under normal
precipitation conditions (August 2004) the warming
treatment had a significant effect on microbial
populations and community structure when compared with the control. Under warming conditions
microbial population abundance was significantly
higher than the controls, however, diversity of the
warmed plots was markedly lower than the control.
Furthermore, shifts in lineage-specific community
structure (unweighted vs weighted Unifrac) and
community similarity (Bray–Curtis and Jaccard
indices) affirm that the warming treatment is
selecting for a subset of the total warming plot
diversity. Assessing a physiological significance to
the shift in community structure is difficult because
many of the dominant phylotypes within our data
set are uncharacterized. Under warming, the reduction of Actinobacteria suggests that increases in
respiration associated with higher temperatures
(Luo, 2007) may be negatively affecting this group
as they are known to be sensitive to increased CO2
(Goodfellow and Williams, 1983). Furthermore,
increases in the relative abundance of Acidobacteria
may be due to the reduction in Actinobacteria, as
these groups likely share similar niches. Increased
abundance of the Crenarchaea, known archaeal
ammonia oxidizers (Konneke et al., 2005), suggests
that this group may be an important component of
the nitrogen cycle in a warmed climate, especially
under nitrogen limiting conditions. Recently,
Crenarchaea have been shown to be active at
ammonia concentrations far below those that are
used by their bacterial counterparts (MartensHabbena et al., 2009).
Effects of warming at onset of drought

Effects of warming under normal precipitation

Temperature has long been known to be a determinant for the growth and physiology of microorganisms and may be a determining factor for niche
space competition between physiologically similar
organisms (Bennett and Lenski, 1993). However, due
to the dearth of uncultivated organisms in soil little
is known of the temperature optima of the majority

As the plots transitioned from a normal precipitation year into drought (Spring 2005 to August 2005),
precipitation patterns at the study site suggest that
lack of rainfall before the 2005 growing season was
more important for long-term survival of microbial
communities than summer rainfall. Under decreasing rainfall conditions, the biome must survive on
soil moisture reserves (often described as the bucket
The ISME Journal
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model; Porporato et al., 2004) until stocks are
replenished through rainfall (Knapp et al., 2008).
However under warmed conditions, plant communities respond by developing earlier (Parmesan,
2006), which is evident at our study site by elevated
plant biomass in warmed plots relative to controls
(Luo et al., 2009). The tax on soil moisture reserves
due to early onset of plant growth is evident as plant
evapotranspiration and increased evaporation rates
contributed to the critically low soil moisture levels
(Figure 2; March–April 2005) in warmed plots. As a
result of the moisture deficit, microbial communities responded to warming differently than when
moisture was abundant. Microorganisms in warmed
plots were generally less abundant and community
structure was significantly different when compared
with the control. The significant shift in lineagespecific microbial community structure would again
suggest the warming treatment is selecting for a
subset of the total community. However because
plant communities are advanced ahead of control
plots, the shift in microbial community structure
may also be due to increased labile carbon pools
(Belay-Tedla et al., 2009) and the reduction of
moisture. Furthermore, significant shifts in community structure from August 2004 to April 2005 in
both control and warmed plots would suggest that
seasonality is a large contributing factor to the
structure of these communities and could correspond to life stage of the plant community.
Effects of warming under drought

Under drought conditions, the warming treatment
had the most pronounced effect on microbial
population abundance. All warmed plot populations tested in August 2005 decreased in size from
the April 2005 samples and when compared with
the control plots the decline is a stark contrast
(Figure 2). MLM results indicate the decline in
abundance is attributed to soil moisture at the time
of sampling. Furthermore, soil conditions in
warmed plots created by the early onset of the plant
community in conjunction with the lack of rainfall
are likely the underpinnings for the decline in
microbial populations. Plant biomass data at the site
also suggest that because of the lack of moisture,
NPP (net primary production) was decreased
relative to controls (Luo et al., 2009). The potential
reduction in labile carbon and nitrogen entering the
rhizosphere could also be a partial cause for the
decline of microbial phyla such as Verrucomicrobia
who are known to be heterotrophs (Hedlund et al.,
1997) and are sensitive to nitrogen ratios (Keiblinger
et al., 2010). An analysis of the effect of warming on
community structure showed no significant difference despite the effect on abundance. Bray–Curtis
similarity indices indicate that the drought constrained the abundance patterns between warmed
and control communities as the plots transition into
drought, whereby control and warmed communities
The ISME Journal

became more similar as the drought intensified thus
corroborating the community structure results.
Effects of warming transitioning out of drought

The spring 2006 samples present an interesting look
at the community because recharging of soil moisture reserves, a process that normally occurs over
winter months at the site, was absent. Instead large
differences between control and warmed plot soil
moisture was maintained throughout the fall of 2005
and just before the time of sampling in 2006.
Abundance data show that some groups are much
more resilient to drought and quickly return to
numbers similar to (Planctomycetes) or above
(Crenarchaea and Acidobacteria) control plot
values, while others are slower to recover (Actinobacteria and Verrucomicrobia). The differential
response of each phylum suggests that restructuring
of communities may take long periods of time after
extreme stress events such as drought and warming.
Furthermore, the ability of microorganisms to lay
dormant during periods of stress (Jones and Lennon,
2010) may be vital to the resiliency of prairie soil
microbial communities (Fierer et al., 2003) and may
explain why community similarity increased under
drought.
Summary

In Oklahoma prairie soil, increases in temperature
and the combination of drought and temperature
had dramatic negative effects on the abundance,
diversity and structure of soil bacterial communities. Our data suggest that shifts in rainfall
patterns, specifically timing and amounts per event,
can evoke long-term changes to the microbial
community especially under a warming climate.
These alterations to the community are likely to
have overarching effects on the physiology of the
microbiome, as portions of the community lay
dormant in response to stress. Furthermore, recovery of microbial communities after perturbations,
such as drought, may not occur immediately and
thus may disrupt soil carbon and nitrogen cycling.
We feel that further rainfall manipulation and
warming experiments are needed to help elucidate
the complex response of the microbiome, as the
likelihood of experiencing water-stress events will
increase with a warming climate.
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